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Abstract  17 

Belowground arthropod communities are diverse and our ability to characterize them remains 18 

logistically difficult and time consuming. Molecular metabarcoding techniques are routinely 19 

used to assess the diversity of both microbial and some ‘macrobial’ taxa across a range of 20 

environments, but the use of such techniques for characterizing soil arthropod diversity 21 

remains limited. Here we used three approaches to profile soil arthropod communities at the 22 

family level of resolution across 10 distinct sites via morphological identification, 23 

metabarcoding of DNA from the extracted arthropods, and metabarcoding directly from bulk 24 

soils. Although the three methods differed to some degree in their ability to detect some 25 

individual taxa, we found that all three methods yielded well-correlated site-level estimates of 26 

diversity (Spearman’s ρ ≥ 0.63 with p < 0.05 for all correlations) and overall arthropod 27 

community composition (Mantel ρ ≥ 0.45 with p < 0.05). Of particular note is that DNA 28 

extracted directly from bulk soil yielded results comparable to analyses of DNA from 29 

extracted arthropods. Thus, DNA metabarcoding of bulk soil will likely be a useful tool for 30 

those researchers looking to incorporate multi-domain comparisons or for studies that require 31 

rapid assessments of arthropod diversity across a large number of soil samples.  32 
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1. Introduction 38 

Soil fauna, including nematodes, annelids, and arthropods (e.g. mites, springtails, 39 

centipedes) are key contributors to the functioning of ecosystems with the biomass of soil 40 

animals typically representing 40-80% of the total animal biomass found in ecosystems (both 41 

aboveground and belowground combined; Fierer et al., 2009). The arthropods are particularly 42 

ubiquitous and diverse in soil: a one-meter plot may host hundreds to thousands of soil 43 

arthropod species (Schaefer and Schauermann, 1990). However much of the faunal diversity 44 

in soil remains poorly described, making the quantification of faunal diversity and 45 

identification of specific taxa difficult (Wall et al., 2005).  46 

Progress in soil arthropod research has been constrained by methodological 47 

challenges (André et al., 2002). The morphological identification of soil arthropods is time 48 

consuming (Bienert et al., 2012; Querner and Bruckner, 2010;) and usually requires 49 

significant taxonomic expertise as the diversity is often difficult to characterize due to 50 

morphological ambiguity and cryptic diversity (e.g. André et al., 2001; Smith et al., 2008; Yu 51 

et al., 2012;). Further, there are known biases in the methods commonly used for extraction 52 

of arthropod communities (André et al., 2002; Edwards, 1991) and extraction efficiency 53 

varies for different taxa across soil types and under different extraction conditions (André et 54 

al., 2002; Macfadyen, 1962). These challenges can constrain efforts to characterize soil 55 

arthropod communities, particularly when seeking to analyze a larger number of soils in a 56 

relatively short period of time or when taxonomic expertise is lacking (Querner and 57 

Bruckner, 2010). For example, rapid surveys or environmental assessments, such as the 58 

biomonitoring of pests or invasive species; or large-scale studies investigating how soil 59 

arthropod communities are distributed in time and space and how they respond to global 60 

change factors are often difficult to execute due to these methodological challenges. 61 
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While metabarcoding techniques have been widely applied to investigate soil 62 

microbial communities (e.g. Bates et al., 2013; Delgado-Baquerizo et al., 2018; Tedersoo et 63 

al., 2014) the use of these techniques to survey soil arthropod communities remains limited. 64 

While previous studies have successfully used metabarcoding techniques to assess the 65 

diversity of specific lineages such as springtails (Hogg and Hebert, 2004), nematodes 66 

(Griffiths et al., 2006; Read et al., 2006; Waite et al., 2003), and earthworms (Bienert et al., 67 

2012; Porco et al., 2013), relatively few studies have tested the fidelity of metabarcoding of 68 

soil arthropods for community-scale analyses. Soil nematode communities were recently 69 

profiled across a range of soil types (Griffiths et al., 2018; Treonis et al., 2018), although both 70 

studies noted significant discrepancies between the molecular and morphology-based 71 

assessments which require further standardization. Although a handful of studies have 72 

sequenced regions of the 18S rRNA gene from extracted soil DNA to characterize soil fauna 73 

(Wu et al., 2011), the evaluations of these molecular-based methods have found significant 74 

differences between the molecular and morphological profiles (Hamilton et al., 2009; Wu et 75 

al., 2009). However, DNA metabarcoding has been well-validated for characterizing 76 

aboveground arthropod communities (Madden et al., 2016), including arthropods that 77 

accumulate in pitfall traps (Ji et al., 2013; Yang et al., 2014).  78 

In this study, we used three approaches to characterize and compare soil arthropod 79 

communities at the order and family level: morphological identification from Berlese funnel 80 

extraction, metabarcoding of DNA from extracted arthropods, and metabarcoding of DNA 81 

from bulk soil. We chose to identify invertebrates to the order and family levels because 82 

these taxonomic levels represent a compromise between taxonomic detail and known 83 

ecological function and are commonly used for bioindicator and other soil ecological studies 84 

(Gan and Wickings 2017; Gergócs and Hufnagel 2009; Gulvik 2007; Ruf 1998; Socarrás 85 

2013; Wickings and Grandy 2013).  Further, many soil arthropods can only be classified with 86 
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confidence to the family level of resolution using readily available taxonomic keys and 87 

minimal slide preparation for morphological identification.  88 

We tested the efficacy of the three approaches across a range of soils from ten sites 89 

that varied with respect to vegetation type and management intensity. Our objectives were 90 

twofold. First, we wanted to compare a metabarcoding approach (high-throughput 91 

sequencing of a portion of the mitochondrial CO1 gene, a ‘barcode’ commonly used for 92 

characterization of arthropod diversity, Madden et al., 2016) versus a more traditional, 93 

morphology-based approach for quantifying the structure of soil arthropod communities. 94 

Second, we wanted to determine whether the metabarcoding approach can be used with bulk 95 

soil DNA, bypassing the need to first extract arthropods from soil using standard approaches 96 

(e.g. Berlese funnels) as this method is still time intensive and efforts to extract arthropods 97 

from soil can introduce significant biases.  We addressed these objectives by comparing how 98 

the three approaches differed with respect to their estimates of standard ecological metrics: 99 

detection of specific arthropod families, community richness, and overall arthropod 100 

community composition.  101 

 102 

2. Materials and methods 103 

2.1 Site description and soil sampling 104 

We collected surface (0- 5cm) soil samples from ten sites near Ithaca, New York. The 105 

ten sites sampled were diverse, spanning a range of vegetation types (grass, forest, crops) and 106 

soil management intensities (from sites with no management, including designated natural 107 

areas and state forests, to heavily managed sites, including apple orchards and golf courses). 108 

For detailed site information, see Supplementary Table 1.  109 

At each site, we randomly selected four 1-m by 1-m plots at least 100 m apart. Four 110 

pairs of soil cores of 5 cm x 5cm were collected from each plot after removing plant litter 111 
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from the soil surface. Four soil cores from each plot (one core from each pair) were bulked, 112 

resulting in four composited soil samples per site for extraction of soil arthropods using 113 

Berlese funnels and subsequent morphological and DNA-based identification of the extracted 114 

arthropods. The remaining four soil cores from the same plot were combined for bulk soil 115 

DNA extraction. As such, a total of eight composited soil samples were collected from each 116 

site for comparative identification by morphology and CO1 metabarcoding: yielding a total 117 

of 80 soil samples collected for the study.  All soil samples were transferred to the lab in 118 

coolers, with the soil samples collected for DNA extraction immediately frozen and stored at 119 

-20°C prior to extraction. Importantly, we note that our goal was not to exhaustively census 120 

all arthropod taxa found in each of the 10 sites, rather we used these four composited samples 121 

per site to broadly survey the dominant arthropod communities from diverse habitats and 122 

evaluate different methodologies for characterizing these communities.   123 

 124 

2.2 Soil extractions and identification by morphology 125 

We compared arthropod community composition and diversity across the ten sites 126 

using three methods: morphological identification of funnel-extracted arthropods, CO1 gene 127 

sequencing of funnel-extracted arthropods, and CO1 sequencing of DNA extracted directly 128 

from bulk soil samples. We refer to these three methods in brief as ‘morph ID’, ‘arthropod 129 

DNA’, and ‘bulk soil DNA’, respectively. To extract arthropods for morphological 130 

identification, bulked soil from each plot was placed on Berlese funnels for heat extraction, 131 

with the temperature directly above the soil sample starting at 30° C and increased in 5° C 132 

increments daily reaching a final temperature of 50° C. Organisms that passed through the 133 

funnels were collected in 95% ethanol in plastic cups which were placed directly underneath 134 

the funnels. Arthropods were counted under a dissecting microscope at 50x magnification 135 

and identified to family level. Slide mount and examination under 200x compound 136 
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microscope was necessary for accurate identification of some organisms. The following keys 137 

were used: Krantz and Walter (2009) for mites; Christiansen and Janssens (2010) for 138 

springtails; and Triplehorn and Johnson (2005) for insects; Zhang (1998) for myriadpods; 139 

Buddle (2010) for pseudoscorpions; and Kaston (1978) for Araneae. Around 1~2% of the 140 

individuals collected were not identifiable due to damage in the key structure of the 141 

specimens or small body size (< 0.1 mm). After sorting, the specimens were stored in 95% 142 

ethanol before DNA extraction, which was conducted within 4 months of sample collection.  143 

2.3 Identification by CO1 barcodes 144 

To characterize the soil arthropod communities via barcode sequencing, we first 145 

extracted DNA from bulk soils. We homogenized 10 g of soil with liquid N2 and extracted 146 

DNA from 0.2 g duplicate subsamples from each of the 40 samples as per Oliverio et al., 147 

(2017), with an additional subsample extracted from 10 of the soil samples (one from each 148 

site), yielding 90 soil DNA extractions in total. We also pooled all of the preserved 149 

arthropods (including any soil falling through the Berlese funnel during extraction) that were 150 

used for the morphological identifications by plot (n = 40) and then extracted DNA using the 151 

PowerSoil DNA extraction kit (MoBio Laboratories Inc.). We ran multiple extraction blanks 152 

to check for potential contamination. 153 

We then amplified a portion of the CO1 gene with arthropod-specific primers as per 154 

Madden et al., 2016. Briefly, we PCR amplified a ~158 bp region of the mitochondrial 155 

cytochrome c oxidase subunit I gene with arthropod-specific primers (Zeale et al., 2011). The 156 

primers were modified to permit multiplex sequencing on the Illumina MiSeq platform with 157 

the appropriate Illumina adapters included on both primers with the reverse primers also 158 

having an error-correcting 12-base pair barcode unique to each sample to permit multiplexed 159 

sequencing (Hamady et al., 2008). Duplicate PCR reactions were conducted on all extracted 160 

DNA samples along with multiple ‘no template’ negative controls per plate to check for 161 
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contamination. Amplicon concentrations were standardized using SequalPrep Normalization 162 

plate kits (Invitrogen) and then sequenced on the Illumina MiSeq platform at the University 163 

of Colorado Next Generation Sequencing Facility with the 2 x 150 base pair (bp) paired-end 164 

chemistry. 165 

We generated approximately 8 million sequence reads across 170 samples including 166 

80 from extracted invertebrates and 90 from bulk soil. Sequences were demultiplexed with 167 

the custom Python script ‘prep_fastq_for_uparse_paired.py’ (Leff, 2016) and then sequences 168 

were merged, quality filtered, and clustered into phylotypes with UPARSE (Edgar, 2013). 169 

We merged forward and reverse reads, retaining 3.7 million reads (47%). Next, reads were 170 

discarded if the paired end reads did not have a minimum overlap of at least 16 bp or if the 171 

merged reads were <90 bp in length. After trimming sequences to 150 bp, sequences were 172 

quality filtered to a maximum expected error threshold of 1.0, which retained 99.7% of reads. 173 

Phylotypes were processed as exact sequence variants and then raw reads were mapped to a 174 

de novo database with UNOISE3 (Edgar, 2017). Singletons (e.g. phylotypes represented by 175 

only one read) were excluded, and we additionally removed highly divergent sequences by 176 

filtering against the Barcode of Life (BOLD) database (Ratnasingham and Hebert, 2007), 177 

excluding phylotypes with less than an 85% identity match to any sequence in this reference 178 

database. Approximately 59% of the raw reads mapped to the de novo database, with 2.2 179 

million sequence reads were retained. After this filtering process, the median number of total 180 

CO1 sequences retained per sample was 5,631. The BOLD database was then used for 181 

taxonomic classification of 985 phylotypes (unique sequence variants) with the remaining 182 

245 phylotypes that were unassigned against BOLD classified against the NCBI Genbank 183 

database using the BLAST algorithm. Lastly, all phylotypes not classified to at least the 184 

family level of taxonomic resolution were removed prior to statistical analyses.  185 

 186 
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2.4 Statistical analyses 187 

All statistical analyses were executed in the R environment (version 3.4.2, R Core 188 

Team, 2015). We pooled extraction replicates and within-site samples to avoid pseudo-189 

replication (e.g. multiple samples within a site treated as independent observations; Hurlbert, 190 

1984). Samples were rarefied to 2,000 reads per sample and 11 of 120 plot-level samples 191 

were discarded as they were below the 2,000 read threshold for sequencing coverage. To 192 

standardize analyses across methods, we dropped plot-level samples across all methods if 193 

they were below the minimum threshold for one, which resulted in 87 plot-level samples 194 

retained and pooled at the site level. A family was considered present in a sample if there 195 

were at least three reads per sample from that family. Taxa were retained if detected in at 196 

least two samples for all methods. Finally, data were transformed into presence/absence as 197 

per Madden et al., (2016), as arthropod body size will bias the relative abundance estimates 198 

(e.g. sequence abundances are not proportional to biomass; Elbrecht and Leese, 2015).  199 

To assess how the methods differed with respect to their estimates of arthropod 200 

richness, we ran pairwise Kruskal-Wallis rank sum tests. We then used Spearman’s 201 

correlations to test whether richness (number of families per site) was correlated across the 202 

three methods. To investigate how similar the overall arthropod community composition was 203 

between the three methods across the 10 sites, we computed pairwise Jaccard distances from 204 

the presence-absence matrices and then calculated the correlation between all identification 205 

methods (morphology, arthropod barcode, and bulk soil barcode) using Mantel tests 206 

(Spearman correlation coefficient with 5,000 permutations) in the vegan package (v2.4.1; 207 

Oksanen et al., 2016). All data are publicly available in the Figshare digital repository (doi: 208 

10.6084/m9.figshare.5987635). 209 

 210 

3. Results  211 
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3.1 Detection of soil arthropods across identification methods 212 

We detected 19 arthropod orders in total across the three methods we used to 213 

characterize soil arthropod communities (Fig. 1): morphological identification of extracted 214 

arthropods, CO1 sequencing of DNA from the extracted arthropods, and CO1 sequencing of 215 

DNA extracted from bulk soil. Of the 19 orders detected, 16 were detected via morphological 216 

identification, 14 via arthropod DNA sequencing, and 12 via bulk soil DNA sequencing. 217 

Generally, the arthropod orders that were more ubiquitous across sites were detected with all 218 

three methods, including the trombidiform and sarcoptiform mites, the collembolan orders 219 

Entomobryomorpha, Poduromorpha, and Symphypleona, and the insect orders Coleoptera, 220 

and Diptera, with the exception of Lepidoptera which was frequently detected via arthropod 221 

DNA and bulk soil DNA analyses, but not via morphology (Fig. S1).  In contrast, the less 222 

ubiquitous arthropod orders (e.g. those found only at one or two of the ten sites) were more 223 

variably detected across all three methods. For example, both Diplopoda orders were only 224 

detected via morphology or arthropod DNA and not recovered from bulk soil DNA.  225 

At the family level, 90 families were recovered in total with 50 families detected via 226 

morphological identification, 60 via arthropod DNA sequencing, and 51 from bulk soil DNA 227 

sequencing (Fig. 2 and Fig. S2). Within the class Insecta (Fig. 2a), a majority of the 228 

coleopteran families were recovered by each of the three methods. However, for both Diptera 229 

and Lepidoptera, a greater number of families were detected by arthropod and bulk soil DNA 230 

sequencing in comparison to morphological identification. In contrast, within the class 231 

Arachnida, morphological identification consistently recovered more families than either 232 

sequence-based method within the mite orders Mesostigmata, Sarcoptiformes, and 233 

Trombidiformes (Fig. 2b). Collembola was the third most family-rich class (Fig. 2c) and a 234 

majority of families (at least 5 of 8) were detected by all of the identification methods. 235 

 236 
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3.2 Congruent estimates of arthropod community richness and composition 237 

Despite some differences in the detection of individual groups (Figs. 1 and 2), the 238 

total richness of soil arthropods detected across the sites was similar regardless of the method 239 

employed. We found no significant differences in mean family richness across the three 240 

methods (p-value > 0.05; Kruskal-Wallis rank sum test). Further, richness across sites was 241 

strongly correlated across all methods (Fig. 3). Bulk soil DNA and arthropod DNA richness 242 

were most strongly correlated (Spearman’s ρ = 0.76, p < 0.01) although morph ID richness 243 

was also correlated with both arthropod DNA richness and soil DNA richness (ρ = 0.64 with 244 

p < 0.05 and ρ = 0.63 with p < 0.05, respectively). 245 

The differences in arthropod community composition across the 10 sites were also 246 

significantly correlated across the three methods (Fig. S3). The strongest correlation in 247 

composition was between morphology and arthropod DNA (Mantel ρ = 0.68; p < 0.001). The 248 

morphology versus bulk soil DNA and the arthropod versus bulk soil DNA comparisons were 249 

also well-correlated (ρ = 0.63; p < 0.001 and ρ = 0.45; p < 0.01, respectively). These results 250 

indicate that the three methods were similar with respect to their ability to quantify 251 

differences in overall arthropod community composition across the 10 sites. 252 

 253 

4. Discussion 254 

The goal of this study was to evaluate the utility of two methods of DNA 255 

metabarcoding for the study of soil arthropod communities across a range of soil types, 256 

comparing the metabarcoding results to more standard morphological analyses of extracted 257 

arthropods. Despite some site-level discrepancies across the three methods, we found a strong 258 

correspondence between the morphological and metabarcoding approaches in terms of their 259 

ability to detect taxonomic groups, overall richness observed, and overall community 260 

composition. We found that the differences across the sites were well-correlated across the 261 
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three methods in terms of both richness (Fig. 3, Spearman’s ρ ≥ 0.63 with p < 0.05 for all 262 

comparisons) and community composition of arthropods (Fig. S3, Mantel ρ ≥ 0.45 with p < 263 

0.05 for all comparisons). 264 

 265 

4.1 Differences in detection between morphological identification and DNA barcoding 266 

methods 267 

The detection discrepancies between the morphological identification and the two 268 

sequence-based methods may be due to morphological incongruence, PCR and primer biases, 269 

or the presence of relic DNA in soil. First, morphological identity may not correspond 270 

directly to the taxonomic identity inferred from CO1 gene sequencing, a known challenge for 271 

some groups of arthropods (Wiemers and Fiedler, 2007) which can lead to incongruent 272 

taxonomic classifications. However, we would expect this to have less of an impact at the 273 

family level of resolution than at finer levels of taxonomic resolution. There was also likely 274 

incongruence introduced from those taxa that could not be confidently identified when using 275 

the different methods (such as specimens that were damaged and could not be confidently 276 

classified from morphology or, in the case of the DNA-based methods, CO1 sequence reads 277 

that had no database match at the family level).  Second, there are known primer biases and 278 

differential amplification efficiencies across taxa (Clarke et al., 2014; Piñol et al., 2015) 279 

which may have influenced our results, even though we used a CO1 gene-targeting primer set 280 

that has been well-validated for arthropod analyses (Madden et al., 2016; Zeale et al., 2011). 281 

Nevertheless, primer and amplification bias, or lack of representation in reference databases, 282 

may explain why some families were detected via morphology and not with either of the CO1 283 

gene sequencing approaches.  284 

While amplification bias and lack of representation in reference database may explain 285 

methodological discrepancies for some smaller and poorly-studied arthropods, we were 286 
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surprised that a few taxa which were common in the morphology-based identifications 287 

including the Formicidae (ants) and Tipulidae (crane flies) were not detected with either 288 

metabarcoding method. Although CO1 metabarcoding is used for ants (Smith et al., 2005; 289 

Smith et al., 2009), the primers we used have known biases against Formicidae (Clarke et al. 290 

2014) so this may explain why they were commonly detected via morphological analyses but 291 

infrequently detected when the CO1 gene sequencing methods were employed.  292 

Third, we know that relic DNA (e.g. DNA from dead cells or extracellular DNA) can 293 

be common in soils (Carini et al., 2017). There is likely relic DNA from arthropods that are 294 

no longer present in the soil sample (e.g. arthropod DNA from shed cells or feces). While this 295 

may be more of an issue for the bulk soil DNA than for the extracted arthropod DNA, relic 296 

DNA detection likely impacts both methods as the extracted arthropods were not soil-free 297 

prior to DNA extraction. For example, the presence of relic DNA may explain why 298 

Lepidoptera were frequently detected via CO1 metabarcoding, but not at all with the 299 

morphological identification (Figs. 1, 2). Similar results were obtained in a study of 300 

household dust where Lepidoptera were far more frequently detected in DNA-based surveys 301 

in comparison to morphology-based surveys (Madden et al., 2016), a pattern which they 302 

attributed to the presence of relic DNA in wing scales. Indeed, Lepidoptera wing scales 303 

preserve so well in soil and sediment habitats that they have been used to reconstruct 304 

paleoecological environments (Montoro Girona et al., 2018; Navarro et al., 2017; van Eldiijk 305 

et al., 2018). Alternatively, detection of Lepidoptera could also be from the gut contents or 306 

feces of arthropods (such as spiders) that preyed on Lepidoptera larvae or adults 307 

(Symondson, 2002). Finally, there are PCR-amplification biases towards Lepidoptera that 308 

may contribute to the observed differences between morphological and molecular methods 309 

(Clarke et al., 2014). 310 

 311 
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4.2 Detection discrepancies between the two DNA barcoding approaches 312 

We also observed some differences in community structure when we compared the 313 

two sequence-based barcoding methods (arthropod DNA versus bulk soil DNA). It is likely 314 

that some taxa were not detected in the bulk soil sample due to the small amount of bulk soil 315 

(less than a gram in total) used for DNA extractions.  Indeed, we found that observed 316 

richness (number of families detected) as determined via metabarcoding of extracted 317 

arthropods was slightly higher at eight of ten sites (Fig. 3) than metabarcoding analyses of the 318 

relatively small amounts of bulk soil from which DNA was extracted. This finding highlights 319 

the importance of extracting DNA from multiple sub-samples per soil or per site to detect 320 

arthropods which are often patchy in their spatial distributions (Ettema and Wardle, 2002; 321 

Maudsley et al., 2002). 322 

 323 

4.3 Caveats and best practices for CO1 barcoding of soil arthropods 324 

No specific approach provides an unbiased characterization of soil arthropod 325 

communities and we suggest that CO1 metabarcoding may be particularly useful for certain 326 

types of research questions, given the observed congruence with the morphological 327 

identification methods. For example, metabarcoding approaches enable more direct 328 

comparisons across datasets as the taxonomic identifications are not subject to differences in 329 

the taxonomic expertise of the individuals doing the analyses (Packer et al., 2018). Also, 330 

DNA sequence information can be more easily incorporated into multi-domain studies of soil 331 

communities. For example, targeting soil arthropods along with bacterial, archaeal, fungal, or 332 

protist communities that are often surveyed using similar molecular approaches (Gibson et 333 

al., 2014; Morriën et al., 2017). Lastly, the time necessary to extract and identify individual 334 

soil arthropods from more than a few soil samples is much greater than the time needed to 335 

obtain CO1 gene sequence data from bulk soil.  336 
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Likewise, it is important to recognize that the molecular-based approaches also have 337 

some limitations compared to traditional approaches that may be important for some studies. 338 

First, the methods proposed here are limited to presence rather than abundance-based metrics 339 

which may be critical for some research questions. Second, there is no corresponding 340 

specimen collection which may be important to discerning life history traits or for archival 341 

purposes. Finally, as we noted previously, the CO1 barcode likely has some limitations in 342 

discriminating between individual taxa due to lack of representation in sequence databases 343 

and there are potential biases towards some particular arthropod families (such as 344 

Lepidoptera; Clarke et al., 2014). Indeed, metabarcoding approaches for profiling soil 345 

arthropod communities will continue to improve as more taxa are identified morphologically 346 

with corresponding reference sequences. 347 

For this study, soils were collected from ten sites around Ithaca, New York that were 348 

relatively different from each other. Our sites spanned the range of intensively managed (golf 349 

course) to relatively undisturbed (undisturbed forest), with broadly different vegetation types 350 

(Supplementary Table 1). Thus, while our results highlight congruence between 351 

morphological and sequence-based methods (e.g. the diversity and composition of arthropod 352 

communities found at particular sites were similar regardless of method employed) – it 353 

remains unclear to what extent we would be able to discern differences in arthropod 354 

communities across highly similar sites (for example, if we only sampled within hardwood 355 

forest sites).  356 

We also briefly note a few ‘best practices’ for the generation and interpretation of 357 

CO1 gene sequence data from soil arthropod communities. First, it is likely important to pool 358 

multiple samples per site for DNA analyses to get a representative picture of the arthropods at 359 

a site given their often-patchy distributions. Second, the molecular-based approaches are not 360 

a valid proxy for abundances or relative abundances due to body size differences and given 361 
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that DNA can be shed in frass (Elbrecht and Leese, 2015). Thus, we recommend using 362 

presence-only data with a detection threshold (e.g. minimum number of reads in a sample 363 

sufficient to call a specific taxon ‘present’). Third, it is important to recognize that detecting 364 

DNA from a given taxon does not mean that taxon is currently living in that sample as relic 365 

DNA (e.g. DNA from shed lepidopteran wing scales) can persist in soil, gut contents, or feces 366 

from predators. 367 

In conclusion, our results suggest that metabarcoding approaches from extracted 368 

arthropods or bulk soil can be used to survey soil arthropod communities yielding similar 369 

estimates of community composition and diversity. While traditional morphological-based 370 

assessments are clearly valuable and have their own set of advantages, we show that a CO1 371 

gene sequencing-based approach for characterizing soil arthropod communities may be a 372 

useful approach for some soil ecological research. This is particularly true for those studies 373 

that require reasonably rapid assessment of arthropod communities with the advantage that, 374 

by directly comparing the CO1 sequence data across sites, arthropod diversity and 375 

community composition can be directly compared across studies in situations where 376 

morphology-based identifications may be inconsistent or simply unavailable.  377 
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Figure captions. 558 

Fig. 1. Arthropod orders detected across the three identification methods including: 559 

morphological identification of funnel-extracted arthropods, CO1 gene sequencing of funnel-560 

extracted arthropods, and CO1 sequencing of DNA extracted directly from bulk soil samples, 561 

referred to as ‘morph ID’, ‘arthropod DNA’, and ‘bulk soil DNA’. Circles indicate that the 562 

order was detected for a given method. The circles are scaled in size from small to large and 563 

in gradient from white to black by occurrence (e.g. not detected = no circle and detected at 10 564 

sites = large black circle). Arthropod orders are arranged by ubiquity across sites from top 565 

(most ubiquitous) to bottom (least). There were 19 orders detected in total with 16 detected 566 

from morphological identification, 14 from arthropod DNA, and 12 from bulk soil DNA. 567 

 568 

Fig. 2. Number of arthropod families detected across the three identification methods. Circles 569 

indicate families detected, and black to white gradient is scaled by occurrence across sites 570 

(e.g. white indicates that the family was not detected and black indicates detection at all 10 571 

sites. For a-c, arthropod families are arranged along the x-axis by ubiquity across sites from 572 

left (most ubiquitous) to right (least). There were 90 families detected in total with 50 573 

detected from morphological identification, 60 from arthropod DNA, and 51 from bulk soil 574 

DNA. 575 

 576 

Fig. 3. Comparisons of richness at each site across methods. Spearman’s correlations were 577 

used to test whether the three methods yield similar estimates of arthropod richness across the 578 

sites. Spearman’s ρ and p-values provided for all below. Dashed line is a 1:1 line (e.g. if an 579 

equal number of taxa were identified across the two methods). 580 
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